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Abstract 

Background Plastic is generating global pollution and the replacement such as bioplastic has been developed 
to mitigate the pollution. To this end, the fate, transformation and pathway of bioplastics need more research. 
For example, the fragmentation of bioplastic can release small debris that can be categorised as microplastics, which 
is tested herein by taking an example of a compostable plastic that is used as a bin bag on our kitchen table to collect 
the food residues.

Results First, we employ matrix-assisted laser desorption/ionisation mass spectrometry (MALDI-MS) to identify 
the main components of the bioplastic bag as polymer and starch. Next, we use Raman imaging to monitor the stabil-
ity under laser illumination, in an oven at ~ 60 °C for ~ 2 weeks, or in the presence of tap water for half a year. Basically, 
the compostable plastic is stable under these conditions. Thirdly, however, once used as table-bin bag with involve-
ment of food residues, within ~ 1 week, the bioplastic bag is broken and biodegraded to release debris. The derivate 
surface groups are effectively monitored and directly visualised via Raman imaging, and cross-checked with scanning 
electron microscope (SEM). The yielded small molecule such as formic acid is also identified, along with the released 
debris of microplastics, with the help of on-site extraction of the fragmented sample and imaging analysis algorithm 
of the hyper spectrum.

Conclusions After one week, the bag in the waste bin fragments, releasing a significant amount of debris. This could 
pose a functional issue if users intend to use the bag for at least a week, and could become a potential environmen-
tal problem if the waste is dispersed uncontrollably. In general, further research is needed to potentially distinguish 
the persistent conventional microplastics from the bioplastic fragments, to effectively mitigate the plastic pollution.
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Introduction
The increasing concern on plastic pollution leads to 
the exploration on replacement, such as bioplastics 
that are intentionally designed to be environmentally 
friendly and sustainable [1]. As the replacement to 
conventional plastics that are derived from fossil fuels, 
bioplastics are typically made from biobased or biode-
gradable materials (or features both properties). While 
some conventional plastics are also biodegradable, 
biobased plastics are partially or totally formulated 
with plant-based/derived materials such as corn starch, 
microorganisms, or renewable / recycled materials [2, 
3]. Generally, bioplastics particularly biobased plastics 
have some benefits such as reduced carbon footprint 
and dependency on the fossil fuels, but also face with 
some challenges including cost (more expensive than 
the conventional plastics) and performance (may not 
have the same physical properties / durability as the 
conventional plastics). Like the conventional plastics, 
the bioplastics might also contaminate the environment 
if not properly treated, so that different countries have 
different regulations on bioplastics [1]. For example, for 
compostable plastics, ideally via biodegradation in a 
composting environment, they should break down into 
water and carbon dioxide with help of microorganisms 
within a reasonable timeframe (according to industrial 
composting standards such as EN 13432, ASTM D6400, 
ISO 17088, EN 14995). If not completely broken down 
during the pathway, the biodegradation or fragmenta-
tion might still release some debris. Those bioplastic 
fragments or debris can also be categorised as micro-
plastics (< 5 mm), which is studied herein [4–6].

Plastic pollution refers to the accumulation of non-
degradable plastic waste in the environment including 
oceans, rivers, forests, and urban areas [7]. When the 
plastic wastes are large (> 5 mm) to be seen by our naked 
eyes, concern arises particularly from publics. Conse-
quently, with the recent advancements, these large plas-
tics can be reused, recycled or re-produced to harvest 
energy [1]. However, the small plastics or microplastics 
that cannot be directly seen by our naked eyes might be 
more serious in terms of environmental pollution or con-
tamination [8]. Microplastics can either result from the 
breakdown of large plastics due to weathering, UV radia-
tion, and physical abrasion, or are intentionally manufac-
tured at a small size for various applications [9–11]. They 
are difficult to be recycled, and as emerging contami-
nant, we do not yet know too much about them includ-
ing their source, fate, toxicity, etc. Regarding their source, 
for example, various domestic plastic items in our daily 
lives can release debris as microplastics even nanoplas-
tics (< 1000  nm), for which we do not yet pay enough 
attention [12, 13]. As a replacement of the conventional 
plastic, bioplastics might also work as the similar sources 
of microplastics and nanoplastics in our daily lives, which 
is main objective of this report [1, 4, 5].

Unfortunately, not matter for the conventional plastics 
or the bioplastics, the analysis on microplastics is dif-
ficult due to the shrink size, complex ingredient, envi-
ronmental background, abundant plastic  types, etc. [9, 
10, 12–16]. So far, the available analysis approaches for 
microplastics include microscopy (optical, scanning 
electron microscope or SEM, transmission electron 
microscope or TEM, atomic force microscope or AFM), 
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atomic analysis (energy-dispersive X-ray spectroscopy or 
EDS, X-ray photoelectron spectroscopy or XPS, thermo-
gravimetric analysis or TGA), mass spectrum (pyrolysis 
gas chromatography mass spectrometry or py-GC–MS, 
matrix-assisted laser desorption/ionisation mass spec-
trometry or MALDI-MS) and molecular spectrum (fluo-
rescence, UV–vis, Raman and infrared or IR). They can 
effectively analyse microplastics, but all have the limita-
tions. Microscopy and atomic analysis can provide the 
morphological and element composition information, 
respectively, but they cannot identify plastics. Mass and 
molecular spectra can identify plastics, but without the 
morphological information for visualisation and quanti-
fication of microplastics. To overcome those challenges, 
either they can be combined to benefit each other (such 
as SEM + Raman) [17], or mass / molecular spectrum is 
advanced and mapped to generate image (imaging analy-
sis) towards visualisation and quantification [12, 13].

Among the imaging analysis, Raman imaging is a tech-
nique to combine Raman spectrometer with a micros-
copy as micro-Raman [14]. By scanning an excitation 
laser with help of microscopy, Raman spectrometer can 
collect spectrum at the specific positions (pixels), gradu-
ally as a spectrum array, or hyper spectrum or a hyper-
spectral matrix. From this hyper spectrum that can 
contain hundred-to-thousand spectra (depending on the 
scan parameters or resolution), each spectrum is mapped 
at the spectrum-collection position as a pixel. Conse-
quently, the mapping can generate a spectrum image 
that provides the morphological information from the 
molecular spectrum window, a main advantage. Other 
advantages include the high mapping resolution (using 
short wavelength of laser, not IR), non-damage analysis, 
no interference from water, easy interpretation of spec-
trum, etc. The accompanied challenge is, the hyper spec-
trum is of big dataset at size of MB or even GB. This “big 
data” analysis needs help of algorithm, such as chemo-
metrics. Other challenges include the time-consuming 
process (scanning), expensive setup and resolution limi-
tation originating from the laser diffraction [14, 18, 19]. 
Furthermore, the Raman spectrum interpretation of the 
coloured, aged, environmental and biological samples are 
also difficult due to the strong background interference.

In this report, we test the stability of a typical com-
postable plastic, which is generally used in our kitchen as 
a table-bin bag, distributed by a local council in Australia 
in effort to reduce home-made rubbish and mitigate the 
plastic pollution. We first employ MALDI-MS to identify 
the main components in the bioplastic. The fragmenta-
tion of the compostable plastic in kitchen is then moni-
tored by Raman imaging, to confirm the released small 
debris as microplastics or bioplastic fragments. That is, 
during a not-well-controlled fragmentation process (not 

via an industrial composting facility), the compostable 
plastic can release microplastics. As the first research in 
this field, lots of unknowns are still open and the results 
herein are helpful for future research, such as to compare 
the released bioplastic fragments with the conventional 
microplastics, in terms of fate, pathway, toxicity and risk 
assessment.

Materials and methods
Chemicals and samples
All chemicals including ethanol and virgin plastic of 
polyethylene terephthalate (PET) were purchased from 
Sigma-Aldrich (Australia) and used as received. Pure 
water (> 18 MΩ cm, or Milli Q water) was used for the 
analysis. Bioplastics bags are purchased from local mar-
kets (Woolworths, Coles, ALDI, Australia) or collected 
from a local council (Lake Macquarie, NSW, Australia) 
in 2023, as shown in Figures S1-S2/Table S1 (Supporting 
information). We tested several typical ones including a 
compostable bag (#1), a plant-based bag (#2), a sustain-
able bag (#3), a garbage bag (#4), a compostable earth-
friendly bag (#5) and an ocean plastic-recycled bag (#6). 
Herein the bag #1 of bioplastic was focused, which has 
been used as a bin bag on the kitchen table in Australia 
to collect the food residues. Another one (#7) for the 
similar application in China was also tested in parallel to 
increase the representativeness.

For stability test shown in Figures  S3-S5 (Support-
ing Information), the bags were cut to small size using a 
stainless scissors. The marking areas with logo or brand 
information were intentionally avoided. They were then 
cleaned with ethanol, acetone and Milli Q water. The 
samples were fixed onto the glass slide surface with paper 
mask, as shown in Figure S6 (Supporting Information). 
These samples can be directly tested to check the stabil-
ity under the laser illumination, and to collect the Raman 
spectra as the “mother” spectra of the plastic samples.

The above samples were incubated in an oven at ~ 60 °C 
in air for ~ 2 weeks first. During this period, the samples 
were tested daily, to monitor the change of the Raman 
spectrum. After that, the samples were localised onto 
an aluminium island surrounded by tap water in a glass 
container, as shown in Figure S6 (Supporting Informa-
tion). The container was not completely sealed and kept 
at ~ 38 °C, for half a year. During this period, the samples 
were tested monthly.

Different from above samples, we also collected sam-
ples from the kitchen table-bin bag, also presented in Fig-
ure S6 (Supporting Information). The bag has been used 
for ~ 1 week (the bin collection period by the local coun-
cil. For a shorter time such as within 3 days, no obvious 
degradation was observed), in the early summer (Sep-
tember 2023) in Newcastle, NSW, Australia, to collect 
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the food residues. The food residues included onion skin, 
carrot skin, banana skin, avocado skin, ginger skin, kiwi 
skin, chinese cabbage, etc. The bag was degraded and 
broken. We padded the bag, under the bag we employed 
several printing papers (A4) to collect the debris. The 
slight-green can help to identify the bag debris while food 
residues were removed using a stainless tweezer. The col-
lected debris were tested within one week.

Before testing, the collected samples were washed 
with Milli Q water and ethanol. The washing with 
Milli Q water was last for ~ 5  min and with ethanol for 
another ~ 5 min to clean the surface. The washing process 
can be prolonged to ~ 3 days in order to completely clean 
the surface, as indicated below. The samples were then 
transferred onto glass slide for test, as shown in Figure 
S7 (Supporting Information). On the glass slide surface 
in the meantime, we can also conduct on-site extraction, 
by dropping a droplet of ethanol (~ 10 μL) on the sample 
surface, after evaporation and dried, another droplet was 
added and repeated for 5 times. The evaporation of etha-
nol can lead to the capillary force to help the extraction 
of small particles / fragments (1–25  μm) from the big 
ones (> 100 μm) [20].

After Raman test, the glass slide was cut using a strong 
stainless scissors to small pieces (~ 2  cm × ~ 2  cm) for 
SEM test. During this cutting process, the big pieces 
might fly away from the glass surface, leading to the dif-
ference between the Raman image and the SEM image. 
For SEM test, a thin layer of palatium (~ 10 nm) was sput-
ter-coated on the surface to increase the conductivity.

MALDI‑MS
Similarly, bioplastic table-bin bags were cut by scissors to 
small pieces (< 1 mm) and solved in an acetonitrile solu-
tion (~ 0.1 g in ~ 1 mL). Then the solution of ~ 2 μL was 
deposited on a matrix surface of indium tin oxide (ITO). 
After drying in air, a solution of 2,5-dihydroxybenzoic 
acid (~ 20  mg/mL) in acetonitrile—0.1% trifluoro acetic 
acid (30:70, v/v) was sprayed on the droplet surface [21]. 
After drying, the sample was placed in an instrument for 
MALDI mass spectra analysis, which was acquired on the 
UltrafleXtreme MALDI-TOF/TOF MS system (Bruker 
Daltonic Inc., USA). The MS acquisition parameters were 
briefed as follows: ion polarity, positive; mass range, 600–
3500; sample voltage, 3.50 kV; detector voltage, 1.80 kV. 
Laser firing parameters were pitch (20  μm), repetition 
rate (1000 Hz) and intensity (30).

Raman testing protocols and data analysis algorithms
The testing protocols were reported before [22, 23]. 
In brief, Raman spectra were recorded using a confo-
cal Raman microscope (DXRxi / ThermoFisher, USA) 
equipped with 532  nm or 785  nm laser diode (~ 30 

mW), charge-coupled device (CCD) detector (cooled at 
− 60 °C) to collect Stokes Raman signals, under an objec-
tive lens (100 ×, or others such as 50 ×, 20 × and 10 ×) and 
at the room temperature (~ 24 °C). We first used the max-
imum laser power to check the potential damage to the 
sample by laser burning, as stated below. However, after 
the fragmentation, we must decrease the laser power to 
minimum to avoid the laser burning.

To map the image, the laser was scanning on the sam-
ple surface to collect the signal at each pixel or point. The 
signal intensity at the selected peak can be mapped as 
RGB (red, green, blue) to visualise the distribution. The 
scanning array (such as 30 × 30) was controlled by adjust-
ing the pixel size (such as 30 μm × 30 μm, which can be 
defined as image resolution) and the scan area (such as 
900  μm × 900  μm). By doing so, we can also realise the 
zooming-in scanning by shrinking the pixel size and scan 
area. To map image, the spectrum background was inten-
tionally removed by subtracting the baseline at the two 
sides of the selected peak.

There are many peaks in a spectrum, each peak can 
generate an image. These images can be cross-checked 
and merge to compare them in the same image. To this 
end, ImageJ software was employed and the colour-chan-
nel-merge function was used. The mapped Raman image 
can also be overlapped onto the photo image or the SEM 
image as well, using the similar approach.

The whole set of spectrum (not just the selected peak) 
can be mapped to generate image as well. In this case, 
chemometrics is needed, such as via correlation calcu-
lation to compare the sample spectrum with a reference 
spectrum, or a standard spectrum of the suspected item. 
To this end, we normalise the sample spectrum and the 
reference spectrum intensities to 0–1 (such as using 
function “(xi − xmin)/(xmax − xmin)). We then calculate the 
correlation value at each pixel to map an image. The soft-
ware of OMNIcxi for the DXRxi Raman can realise this 
function.

Particle analysis
For particle analysis, ImageJ software was employed again 
[24]. In brief, after an image was opened in the software, 
the image background was subtracted using a suitable 
value (to clearly present and distinguish the to-be-tar-
geted particles), and the random noise was removed by 
filter such as Gaussian blur. A colour threshold was 
adjusted to make almost every to-be-targeted particle 
identifiable. The image was made binary, followed by fill-
ing hole and watershed, and lastly the implementation of 
the particle analysis function. The outlines of each parti-
cle can be extracted, and the particle size of Feret diam-
eter can be statistically analysed with help from Origin 
software (2023).
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Results and discussion
MALDI‑MS to identify main components in bioplastics
First, we employ MALDI-MS to test the bioplastics 
bags before fragmentation, to analyse the initial com-
ponents [21]. The results are shown in Fig. 1, where two 
bioplastic table-bin bags are tested for comparison and 
to increase the representativeness. Basically, the peri-
odic distribution of the mass spectrum is related with 
the polymer’s periodic chain structure.

Figure 1a is zoomed in as Fig. 1b, where the m/z dif-
ferences (~ 176) among the main peaks are indicated 
and can be assigned to the fragments originating from 
the polymer chain of polybutylene adipate terephtha-
late (PBAT) or PET presented in (d). That is, MALDI 
randomly ionises the polymer chain, and generates ions 
for the subsequent MS analysis. The long chain of the 
polymer can be broken down by MALDI’s laser to oli-
gomers at different chain positions in a random man-
ner, to produce the different length of short chains. 
Due to the periodic monomer unit in the polymer, the 
molecular weights of those produced oligomers exhibit 
a main periodic difference (Δm/z) of ~ 176 (or ~ 192, to 
be discussed below), which originates from monomer 
or fragment circled in (d). In Fig. 1b, similarly, another 
periodic m/z difference among the main peaks of ~ 162 
can be linked to the monomer in the starch polymer 
chain, as indicated in (d) too. It can also be linked with 
the PBAT fragment (m/z of ~ 176) but with a less -CH2 
moiety (m/z of ~ 14).

In the meantime, once further zoomed in as Fig. 1c, a 
third m/z difference of ~ 18–20 is observed, which can 
be assigned to water molecular (or a similar fragment 
of  H3O+) released from the starch, once ionised by the 
MALDI’s laser, as circled in (d) too. Another possibility is 
that the PBAT fragment or oligomers might loss an oxy-
gen atom during the ionisation process (note the slight 
difference between the circled parts in Fig.  1d, PBAT 
fragment has a less oxygen atom than PET monomer), 
which yields a m/z difference of ~ 18 too if combined with 
hydrogens. The co-polymer chains of adipate  (C6H8O4, 
m/z of ~ 144) and butylene  (C4H8, m/z of ~ 56) might be 
shielded or too weak to be monitored.

To increase the representativeness, we test another 
kitchen table-bin bag sample, the similar results are col-
lected and presented in Fig. 1e, f. In Fig. 1e, the periodic 
mass spectrum is observed again, indicating the possi-
ble polymer structures. Once zoomed in as (f ), the main 
peak position differences are indicated and marked, with 
Δm/z differences of ~ 176, ~ 162 and ~ 18 again. There 
can be associated with the polymer monomer or frag-
ment, the starch monomer and the potential water of the 
released items. Note the polymers of PBAT and PET have 
the similar molecular structures, particularly the similar 
fragments in the polymer chains, as circled in Fig.  1d, 
leading to their distinguishing difficulty by MALDI-MS 
[25]. More research is needed here.

Above MALDI-MS results can suggest the main pos-
sible components in these bioplastics are polymer and 

Fig. 1 MALDI-MS results of two samples (a–c, e–f, respectively) before fragmentation, by zooming in the circled parts of the mass spectra. d 
Suggests the molecular structures of polymers and starch, with the marked monomers or fragments’ molecular weights
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starch. The exact and detailed formulation is beyond the 
scope of this report. However, once fragmented such 
as in kitchen, small debris can be released as bioplastic 
fragments or microplastics, which is tested below using 
Raman from molecular spectrum perspective.

Raman imaging to visualise fragmentation
We also test the bioplastics’ stability in oven (~ 60  °C) 
and in water, the results are presented in Figures  S3-S5 
(Supporting Information). Basically, the bioplastics is sta-
ble for half a year and there is no morphological change 
in the absence of microorganisms. Some changes hap-
pened  for the Raman spectra after half a year, suggest-
ing a slow fragmentation process. On the contrary, in the 
presence of microorganisms, the fragmentation process 
can happen quickly to release debris, such as ~ 1 week in 
a kitchen bin as presented in Figures S6-S7 (Supporting 
Information) and characterised below. The typical SEM 
images of the released debris are shown Figure S8 (Sup-
porting Information).

Derivate surface groups and microplastic by fragmentation
After ~ 1  week service as the table-bin bag in a kitchen, 
lots of debris are released in the presence of the food res-
idues. Typical debris is tested and shown in Fig.  2. The 
fragmentation leads to the modification on the surface 
group, as evidenced by the spectrum change presented in 

Fig. 2b, including the broad background and new peaks 
(such as at ~ 685   cm−1). For comparison, the standard 
spectra of PBAT, PET and the “Mother” spectrum col-
lected from the bag before the fragmentation are also 
presented. The similarity among them can lead to the 
assignment of the polymer in the compostable plastic to 
PBAT mainly.

After fragmentation, while the broad background can 
be assigned to the fluorescence originating from the 
fragmentation, the newly appeared peak can be mapped 
as image in Fig.  2d to directly visualise the distribu-
tion on the sample surface, along with the characteris-
tic peak of PBAT (e) to visualise the PBAT plastic [22]. 
Another peak at ~ 2910   cm−1 originates from C–H can 
be mapped as Fig. 2f to visualise the “organics” [26, 27]. 
In (a), the Raman image mapping the peak at ~ 685  cm−1 
(d) is overlapped onto the photo image, to directly visu-
alise the distribution of the derivate surface group. The 
well match can suggest the surface modification of the 
bioplastic and the released microplastic due to the frag-
mentation. In the meantime, the similar molecular struc-
tures and spectra of PBAT and PET cannot be effectively 
distinguished herein by Raman too [25, 28]. Particularly 
after the fragmentation, the spectrum gets more com-
plicated, as shown here. In the following parts, we will 
call them as polymer, no matter they are conventional 
microplastic (PET) or bioplastic fragment (PBAT), and 

Fig. 2 Photo image (a), Raman spectra (b) / images (d–f) and SEM images (c, g). The compostable bag was biodegraded in a kitchen table-bin 
for ~ 1 week in the presence of food residues. The spectrum collection positions (#1–3) for (b) are marked in (f). The average spectrum 
of the scanning matrix is also shown to compare with several reference spectra.
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only the spectra of PBAT and “Mother” are presented as 
reference.

The typical spectra we collected from different posi-
tions (marked in Fig. 2f ) are presented in Fig. 2b, includ-
ing a relatively strong one (#1), a middle one (#2) and a 
blank one (#3) from the non-plastic area that can serve as 
the background spectrum. During the scanning process, 
we collected 900 spectra (30 × 30) as an array of hyper 
spectrum or a hyperspectral matrix. Their average is also 
shown in (b). While the spectrum baseline variation has 
been significantly shrunk, the characteristic peaks are 
still identifiable, suggesting an increased signal-to-noise 
ratio. This is the main advantage of Raman imaging anal-
ysis via a hyper spectrum [29, 30].

The disadvantage is the mapping is still dependent on 
the signal of Raman or the signal-to-noise ratio. The sig-
nal intensity is controlled by many factors, but the Raman 
activity of the intrinsic material and the amount of the 
materials in the target are the key ones. In our case, the 
bioplastic is mainly formulated with polymer and starch. 
However, the Raman activity of starch is much weaker 
than that of polymer and their formulation amount or 
ratio is not clear. Consequently, although the formulated 
starch’s spectrum can be identified and shown in Figure 
S9 (Supporting Information), it is usually shielded by the 
polymer’s spectrum. In Fig. 2b, if taking the spectrum of 
cotton to model that of starch (exact spectrum varies and 
depends on plant source, purity, etc., but the main mon-
omers of cotton and starch are the same), the mapped 
image (f ) can potentially visualise starch. However, the 
assignment certainty is low so that we prefer to assign it 
as “organics”.

The SEM images in Fig. 2c, g show more details about 
the morphology. The cracks on the plastic debris can be 
observed in (g), although not visualised via the Raman 
images. The Raman image’s resolution controlled by 
the scanning pixel size (and the diffraction of the scan-
ning laser) is much lower than that of SEM (such as μm 
vs. nm). Even so, the Raman image resolution can be 
improved by shrinking the scanning pixel size, as dis-
cussed below.

Zoom in
To get a high resolution of Raman image about the frag-
mentation debris, we shrink the laser scanning pixel size 
from 30 μm × 30 μm in Fig. 2 to 2 μm × 2 μm in Fig. 3. In 
Fig. 3a, the typical Raman spectra are presented. Similar 
with above, some new peaks appeared (the circled part 
will be discussed below in Fig.  4), along with the main 
characteristic peaks of polymer. Similar with above too, 
the surface modification can be visualised in Fig. 3e, f, by 
mapping the newly appeared peaks (such as at ~ 685  cm−1 
and ~ 1536   cm−1). More analysis is provided in Fig-
ures S9-S10 (Supporting Information). The characteristic 
peak of polymer is mapped as image (g), while the organ-
ics is mapped as (h). Their patterns are similar in (e–h), 
again suggesting the derivation of surface group and the 
released microplastic.

To better present their distributions, we overlap the 
images in Fig. 3e–h as ones in Fig. 3b, c, to directly com-
pare them. In (b), we merge three images (f, g, h) as one 
to directly compare their contributions. A good match 
is observed, suggesting all of them originate from the 
released debris. To more clearly present them, we merge 

Fig. 3 Zooming-in analysis, including Raman spectra (a), images (b, c, e–h) and SEM images (d, i). b, c) merge (e–h), as suggested on the bottom. 
In c, only the main contour lines for g are presented. The circled part in a is further analysed in Fig. 4
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images (e, g) as (c), using the contour lines for image (g) 
to mark the main distribution of polymer in (c), and com-
pare with the derivate surface group. Again, the match is 
good, except some parts, which might be due to the dif-
ferent degree of fragmentation at different position.

The SEM images in Fig. 3d, i can provide more details 
about the morphology. The match between images (c, d, 
with slight position shift) gets better than that in Fig. 2, 
due to the shrink in the pixel size of Raman imaging. 
There might be morphology change after the Raman test 
and before the SEM test, or occurred during the SEM 
scanning process due to the electron-beam charging. 
Anyway, again, the SEM image can provide more details 
about the tiny structure, particularly in (i). Numerous of 
dots/spheres are observed on the surface, which is either 
due to starch or the fragmentation in the presence of 
bacteria, biota or microorganisms, etc. More research is 
needed here. In brief, while SEM can provide the mor-
phology information with a high imaging resolution, the 
chemical information is absent. On the contrary, Raman 
image can provide the chemical information from the 
molecular spectrum perspective. Their combination thus 
can benefit each other, as demonstrated here.

Released formic acid and microplastics by fragmentation
Although we can confirm the surface modification 
via newly appeared groups derivate on the surface, 
the identification of their individual molecular struc-
tures is difficult, as shown in Figure S10 (Supporting 

Information). In the meantime, the fragmentation 
process is dependent on lots of factors including the 
microorganism families available in the food residue 
in the kitchen table. Different microorganisms groups/
families can be developed, leading to the different bio-
degradation process, which further complicates the 
identification on the biodegradation intermediates 
[1–5].

To this end, we peeled of the big debris (a film debris) 
deposited onto the glass surface that have been tested 
above, to characterise the small pieces left-over on 
the bottom, as demonstrated in Figure S7 (Support-
ing Information). The results are shown in Fig.  4. For-
mic acid is released by the fragmentation and detected. 
Its characteristic peaks at ~ 78   cm−1, ~ 140   cm−1 
and ~ 250  cm−1 are circled in Figs. 3a, 4a [31, 32]. Some 
of those peaks might be related with the molecular 
orientation (such as deprotonation) and the detailed 
assignment is provided in Figure S10 (Supporting 
Information). One typical peak is mapped as image (d), 
while the polymer is mapped as (e). The mapped Raman 
images well match with photo image that works as the 
image background. Image (d) looks much stronger/
brighter than (e). One possible reason is that the inten-
sity of formic acid is stronger than that of polymer, 
due to their different Raman activities. Another pos-
sible reason is that the formic acid covers the polymer 
microplastic surface and shields the polymer’s Raman 
signal. The third possible reason is that the peak of 

Fig. 4 Released formic acid, including Raman spectrum (a), SEM images (b, c) and Raman images (d–g). The sample was prepared by peeling 
off a big broken bioplastic debris to expose the left-over on the glass surface. f, g Zoom-in of the area squared in e 
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polymer is interfered strongly by the spectrum back-
ground, such as the broad peak of fluorescence that has 
been discussed above.

On zooming in the squared area in Fig. 4e, images (f, g) 
are mapped to visualise formic acid and polymer, respec-
tively. The patterns match well with the background 
photo image again, suggesting the success of the Raman 
imaging in capturing the released microplastics and the 
biodegradation intermediate or product. The slight posi-
tion shift is due to the different imaging approach. That 
is, the photo image (serves as the background) is col-
lected via digital camera under the photo illumination, 
while Raman image is generated by mapping (control 
by sample stage) the Raman signal (some strong, some 
weak) excited by laser, collected via a CCD detector [12, 
13]. The wavelength is different, the detector/signal is 
different and the x–y-axis is different. The position mis-
match needs a good calibration, particularly for a high 
magnification of image.

The SEM images in Fig.  4b, c are collected at the 
approximate same position by aligning the sample under 
the Raman microscope and the SEM. As said, after the 
Raman test and before the SEM test, the sample prepara-
tion between might change the sample morphology too, 
such as during the glass-cutting and sputter-coating pro-
cesses. Some particles might be missed, so that the SEM 

image can serve as a reference only, rather than to com-
pletely match the Raman image. Once zoomed in, image 
(c) shows more details, even at nano-scale. These details 
at nano-scale cannot be effectively mapped by the Raman 
imaging, due to the resolution issue and weak signal. 
How to map the nanoplastics using Raman needs more 
research [18].

Released microplastics by fragmentation
In Fig. 4, although the sample debris was washed and the 
debris film was deposited onto the glass surface, the sam-
ple film might have shielded some items on the bottom. 
Once the big debris film was peeled off, the shielded ones 
were exposed so that formic acid has been captured and 
mapped. In this section, we intentionally washed off the 
formic acid and other potential biodegradation products/
intermediates by prolonging the washing/incubation 
time from ~ 10  min to ~ 3  days. After that, we conduct 
an on-site extraction, as shown in Fig.  5a. That is, once 
a debris is deposited on the glass surface, we add ethanol 
droplet to cover the sample of the collected debris. Due 
to the capillary force formed during the evaporation pro-
cess, “coffee ring” can be formed with some small ones 
surrounding the central one [20].

The SEM image is collected at the approximated posi-
tion again, as discussed above. Two squared areas in 

Fig. 5 Released microplastics, including SEM images (a, b, e), Raman images (b, c, e, f) and spectra (d). The sample was prepared by dipping 
the debris in ethanol for ~ 3 days. Then the debris was deposited on the glass surface and subject to on-site extraction
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Fig. 5a are scanned and imaged as (b, c) and (e, f ), respec-
tively. Similar with above, the typical spectra are shown 
in (d), they are well matched with that of PBAT, almost 
without the co-called “newly appeared” peak observed 
above (assigned to formic acid). That is, after the biodeg-
radation, washing and on-site extraction, the relatively 
clean microplastics are captured  due to the fragmenta-
tion occurring in the table bin within ~1 week. In other 
words, polymer fragments cannot be effectively and 
quickly biodegraded, but remain relatively stable against 
microbial degradation in the observed incubation period 
of ~ 1  week, before being collected via bin by the local 
council. As a main component in the compostable plas-
tic, polymer in the fragment can be persistent to the bio-
degradation process for a short term (at least ~ 1 weak), 
cannot be quickly degraded. In general, the release pro-
cess of microplastics is quick from the bioplastic, when 
compared to the conventional plastics (e.g. virgin or pure 
PET) that needs long period of time in nature to frag-
ment as small pieces [25]. However, the long-term persis-
tence of bioplastic fragments is unclear and needs more 
research.

The images in Fig. 5b, e are generated by mapping the 
solo peak at ~ 1620  cm−1. The scattering Raman signal is 
collected as a spectrum in the range of 50–3300   cm−1. 
Within this range, polymer has many characteris-
tic peaks, as evidenced in (d). A solo peak’s image thus 
means a relatively low signal-to-noise ratio, because 
other signal beyond this solo peak is missed. The solo 
peak can also be easily interfered, such as by the back-
ground, cosmic ray, signal variation etc. To pick up more 
signal and to increase the signal-to-noise ratio, the whole 
set of spectrum should be mapped as a sum to visualise 
the polymer plastics more accurately [12, 13].

To this end, chemometrics should be involved to effec-
tively decode and interpret the hyper spectrum or the 
hyperspectral matrix. There are many options, but a 
simple way is to compare the sample spectrum with the 
standard spectrum by chemometrics. The comparison 
and the similarity between them (sample spectrum and 
standard spectrum) can be easily justified by correlation, 
which is also commonly used to index a sample spectrum 
from a database or a spectrum library [23]. The correla-
tion value can be mapped at each pixel and together to 
generate an image. In this case, the whole set of spec-
trum, rather than just a solo peak, will take part in the 
imaging process, meaning an enhanced signal-to-noise 
ratio, from statistics point of view.

Figure  5c, f are the correlation mapping images. They 
basically match well with (b, e), respectively. However, 
the assignment certainty to PBAT microplastics has been 
enhanced, because the whole set of spectrum is mapped 
chemometrically. These Raman images can confirm the 

release of microplastics or bioplastic fragments. To be 
general, most of the particles in Fig. 5a can be assigned 
to the microplastics, and even nanoplastics depending on 
the size.

Release amount of microplastics or bioplastic fragments
In this section, we count the released debris amount. As 
said, while the sampling to collect microplastics is diffi-
cult and the protocol has not been established [14], we 
can do on-site extraction, as shown in Fig.  6a, b, using 
the capillary force formed during the evaporation pro-
cess [20]. The expansion/shrink of the debris can lead the 
big debris to move and change the position. Consquently, 
some small pieces are left behind, on the bottom part in 
Fig. 6a.

We zoom in and get image in Fig. 6b, which is subjected 
to particle analysis. To this end, the colour threshold is 
adjusted, in a hope to “paint” all to-be-analysed particles 
as red in (c). After being made binary, filling holes and 
subject to particle analysis, the outlines of the analysed 
particles can be coloured in (d). The statistical analysis on 
the size distribution is presented in (e).

Similarly, the sample in Fig.  5a can be converted to 
Fig.  6f, once the “big debris” is removed. The position 
shift should be noted, although we tried to conduct the 
test at the approximately same position, as discussed 
above. Once subjected to particle analysis, image (g) 
marks the particles and (h) lists the results. The small 
ones cannot be assigned to plastic with certainty due to 
the image resolution issue of Raman, which is also dis-
cussed above.

Summarising the results in Fig.  6e, h, we can see 
that there might be 1100–2200 particles/mm2 in the 
size range 1–25  μm. From above tests, most of them 
can be assigned to microplastics of PBAT. Given that 
they are quickly released from a kitchen table-bin bag 
within ~ 1  week, this aspect could potentially lead to 
microplastic contamination, such as in the event of litter-
ing. Currently there are several open questions including 
(i) if or not there is any difference between the bioplastic 
fragments and the conventional microplastics; (ii) how 
about the persistence, fate, pathway and risk of bioplas-
tic fragments, in short and long terms, all of which need 
more research.

This estimate has variations. As discussed above, the 
fragmentation process of bioplastic depends on lots of 
factors. Different bacteria, bin, food residue, weather / 
season / temperature, environment might lead to the 
variations. This release amount can also vary at the dif-
ferent stage of the biodegradation / composting process. 
The above on-site extraction process can give us a rough 
amount only and the big ones (> 25 μm) are not effectively 
counted. Perhaps these big ones can be further degraded 
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to release the small ones, for which more research is 
needed again.

Conclusions
The tested compostable plastic is stable in oven and tap 
water even for half a year. However, with the involve-
ment of microorganisms, the compostable plastic bag 
can be easily degraded, to release significant amount 
of microplastics or bioplastic fragments (in size range 
of 1–25  μm) within a week. This might be a big con-
cern from the emerging contamination perspective, 
particularly in the event of littering, i.e. when the bag 
escapes from waste management and ends up uncon-
trollably in the environment. Whether or not there is 
any toxicity difference between the bioplastics-released 
microplastics and the conventional microplastics is 
an open question, which should be addressed by fur-
ther research. The long-term stability or fate of the 

bioplastics-released microplastics (such as longer than 
a week) is also not clear yet. More research is needed 
to comprehensively understand the fate, transport and 
potential risk assessment of bioplastics and fragments.

Characterisation of microplastics is still a challenge, 
which also hampers the risk assessment of bioplastics. 
With a suitable sample preparation such as on-site 
extraction and the help from chemometrics, Raman 
imaging can directly visualise the different surface 
group and the biodegradation intermediates / products, 
to monitor the biodegradation process, and to capture 
microplastics towards quantification. The combina-
tion of Raman image with SEM can benefit each other, 
to identify the components chemically and provide the 
morphology information at a high resolution, respec-
tively. Further research on microplastics and bioplastics 
can help to mitigate the plastic pollution gradually and 
effectively.

Fig. 6 Particle analysis, including SEM images (a, b, f), colour threshold adjusting image (c), particle outlines (d, g) and statistical results (e, h). 
a Shows the peeling off a big microplastic lifting behind small ones that are zoomed in as b. b Is adjusted via colour threshold as c to mark 
the to-be-analysed particles. d Lists the outlines of the analysed particles. Their statistical results are presented in e. Similarly, f is marked as g 
to generate the results in h 
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